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Propyl gallate induces human pulmonary fibroblast cell death through 
the regulation of Bax and caspase-3

Woo Hyun Park 

Department of Physiology, Medical School, Jeonbuk National University, Jeonju, Jeollabuk, Republic of Korea

ABSTRACT
Propyl gallate (PG) has been found to exert an inhibitory effect on the growth of different cell 
types, including lung cancer cells. However, little is known about the cytotoxicological effects of 
PG specifically on normal primary lung cells. The current study examined the cellular effects and 
cell death resulting from PG treatment in human pulmonary fibroblast (HPF) cells. DNA flow 
cytometry results demonstrated that PG (100–1,600 μM) had a significant impact on the cell cycle, 
leading to G1 phase arrest. Notably, 1,600 μM PG slightly increased the number of sub-G1 cells. 
Additionally, PG (400–1,600 μM) resulted in the initiation of cell death, a process that coincided 
with a loss of mitochondrial membrane potential (MMP; ΔΨm). This loss of MMP (ΔΨm) was 
evaluated using a FACS cytometer. In PG-treated HPF cells, inhibitors targeting pan-caspase, 
caspase-3, caspase-8, and caspase-9 showed no significant impact on the quantity of annexin 
V-positive and MMP (ΔΨm) loss cells. The administration of siRNA targeting Bax or caspase-3 
demonstrated a significant attenuation of PG-induced cell death in HPF cells. However, the use of 
siRNAs targeting p53, Bcl-2, or caspase-8 did not exhibit any notable effect on cell death. 
Furthermore, none of the tested MAPK inhibitors, including MEK, c-Jun N-terminal kinase (JNK), 
and p38, showed any impact on PG-induced cell death or the loss of MMP (ΔΨm) in HPF cells. In 
conclusion, PG induces G1 phase arrest of the cell cycle and cell death in HPF cells through 
apoptosis and/or necrosis. The observed HPF cell death is mediated by the modulation of Bax 
and caspase-3. These findings offer insights into the cytotoxic and molecular effects of PG on 
normal HPF cells.

Abbreviations:  HPF: human pulmonary fibroblast; PG: propyl gallate; MMP (ΔΨm): mitochondrial 
membrane potential; Z-VAD-FMK: benzyloxycarbonyl-Val-Ala-Asp-fluoromethylketone; Z-DEVD-FMK: 
benzyloxycarbonyl-Asp-Glu-Val-Asp-fluoromethylketone; Z-IETD-FMK: benzyloxycarbonyl-Ile-Glu-Thr- 
Asp-fluoromethylketone; Z-LEHD-FMK: benzyloxycarbonyl-Leu-Glu-His-Asp-fluoromethylketone; MAPK: 
mitogen-activated protein kinase; MEK: MAP kinase or ERK kinase; ERK: extracellular signal-regulated 
kinase; JNK: c-Jun N-terminal kinase; FBS: fetal bovine serum; PI: propidium iodide; FITC: fluorescein 
isothiocyanate; siRNA: small interfering RNA

1.  Introduction

Propyl gallate (PG; 3,4,5-trihydroxybenzoic acid propyl 
ester) has been used for decades as a certified additive 
in food, cosmetics, and pharmaceutical preparations 
[1]. PG not only has subdued toxicity but also has var-
ious advantageous properties for the function of both 
tissues and cells. A number of studies have identified 
the benefits of PG as an antioxidant [2, 3] and a che-
mopreventive agent [4]. However, other studies have 
reported that treatment with 500 μM PG shows 
pro-oxidant properties via increasing the amount of 

8-oxo-7,8-dihydro-2′-deoxyguanosine (8-oxodG) in 
HL-60 leukemia cells [5] and PG (500–2,000 μM) has 
been shown to be toxic to freshly isolated rat hepato-
cytes by damaging the mitochondria [6]. PG also pre-
vents respiration and nucleic acid synthesis in 
microorganisms [7]. Interestingly, the antioxidative and 
cytoprotective properties of PG may switch to 
pro-oxidative and cytotoxic properties in the presence 
of Cu(II) [8]. PG has been shown to augment human 
diploid fibroblast growth at a concentration of 10−8 M 
but to diminish their growth at a concentration of 10−6 
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M or greater [9]. As there is discrepancy between 
these extraneous effects of PG, further studies are 
needed to re-evaluate its function and properties in 
cells and tissues.

Eukaryotic cell cycle is the series of events that con-
sists of four distinct phases: G1 phase, S phase, G2 
phase and M phase [10, 11]. Management of the cell 
cycle is important to the cell proliferation and survival 
and is involved in the procedures of the detection and 
repair of genetic impairment as well as the avoidance 
of uncontrolled cell division [10, 11]. Apoptosis is a 
cellular response to cytotoxic agents and is typically 
comprised of two central signaling pathways: the 
mitochondrial and cell death receptor pathways [12]. 
The commencement of apoptosis in the mitochondrial 
pathway is prompted or accompanied by increased 
levels of proapoptotic proteins, including Bax, and 
decreased levels of antiapoptotic proteins, such as 
Bcl-2, subsequently leading to the mitochondrial mem-
brane potential (MMP; ΔΨm) loss [13]. As the p53 pro-
tein regulates the expression of Bax and Bcl-2, the 
status of p53 is tightly related to apoptosis [14]. The 
mitochondrial pathway is marked by the efflux of cyto-
chrome c, which moves from the mitochondria to the 
cytosol, where it forms an apoptosome complex, along 
with apoptotic protease-activating factor 1 and 
caspase-9. This subsequently leads to the stimulation 
of caspase-3 [12, 15]. The other cell death pathway, 
which is associated with cell death receptors, is distin-
guished by the interaction of cell death ligands with 
their death receptors, initiating the activities of 
caspase-8 and caspase-3 [16]. The activated caspase-3 
systematically breaks down cells by dismantling funda-
mental proteins, including poly (ADP-ribose) 
polymerase.

Mitogen-activated protein kinases (MAPKs) are evo-
lutionarily conserved signaling proteins that facilitate 
responses to various stimuli. Extracellular 
signal-regulated kinases (ERK1/ERK2), the c-Jun 
N-terminal kinase/stress-activated protein kinases (JNK/
SAPK), and the p38 kinases are the three principal 
MAPK components present in eukaryotes [17]. Each 
distinct MAPK pathway has specific upstream activa-
tors and substrates [18]. Several MAPK pathways are 
involved in cell growth, cell survival, differentiation, 
and cell death [19]. Typically, the activation of ERK is 
related to cell survival, rather than cell death [20]. In 
addition, oxidative stress can induce the ERK signaling 
pathway through specific phosphorylation of the ERK 
enzyme [21]. The activities of both JNK and p38 are 
ordinarily stimulated by mild oxidative stress, and their 
activation can induce cell death [22, 23]. Furthermore, 
the activities of MAPKs are regulated by subsidiary 

MAPK phosphatases, which are explicitly controlled by 
reactive oxygen species [24].

Lung cancer is the leading cause of cancer-related 
death worldwide [25]. Due to the limited number of 
existing drugs available, many new treatment strate-
gies are still being evaluated [26]. Studies of the 
molecular mechanisms of cytotoxic drug action have 
shed light on the management of lung cancer. PG has 
anti-growth effects in numerous cell types, including 
cells in the testis [27], endothelial cells [28, 29], leuke-
mia cells [30], hepatocellular carcinoma cells [31], 
breast cancer [32] and cervical cancer cells [33, 34]. 
Recently, we has identified that PG treatment, with an 
IC50 of 800 µM at 24 h, inhibits the growth of lung 
cancer cells, particularly A549 epithelial adenocarci-
noma cells through apoptosis and/or necrosis [35]. 
Fibroblasts are the most abundant cell type in the 
lung interstitium. Pulmonary fibroblasts (PF) play a cru-
cial role in repair and remodeling following injury to 
the lung [36]. Inadequate or unnecessary accumulation 
of fibroblasts can result in abnormal tissue function 
and inflammation [36]. However, little is known about 
the cytotoxicological effects of PG on normal primary 
PF cells. Moreover, there are no reports on the rela-
tionship between cell death and MAPK signaling in 
PG-treated normal PF cells. Therefore, elucidating the 
cytotoxicological effect of PG on apoptosis and MAPK 
signaling in normal PF cells is important.

The present study aimed to explore the impact of PG 
exposure within the range of 100–1,600 μM on cell cycle 
distributions and the death of primary human PF (HPF) 
cells. Additionally, the study aimed to investigate the 
influence of various caspase inhibitors and small interfer-
ing RNAs (siRNAs) targeting apoptosis-related pathways 
on PG-induced cell death in HPF cells. Furthermore, the 
study examined the potential effects of MAPK inhibitors, 
including MEK (PD98059), JNK (SP600125), and p38 
(SB203580) inhibitors, on cell death and the loss of MMP 
(ΔΨm) in PG-treated HPF cells. The results reveal that PG 
induces G1 phase arrest and cell death in HPF cells 
through apoptosis and/or necrosis, with cell death being 
mitigated by Bax and caspase-3 siRNAs. Notably, MAPK 
inhibitors do not affect PG-induced cell death or MMP 
(ΔΨm) loss in HPF cells.

2.  Materials and methods

2.1.  Cell culture

The primary HPF cells were purchased from PromoCell 
GmbH (C-12360, Heidelberg, Germany). According to 
the catalog information from PromoCell GmbH, these 
cells are derived from human lung tissue, with a 
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passage number of two post-thawing. The cells were 
nurtured in RPMI-1640 medium supplemented with 
10% fetal bovine serum (FBS; Sigma-Aldrich Co., St. 
Louis, MO, USA) and 1% penicillin–streptomycin (GIBCO 
BRL, Grand Island, NY, USA). Cultures were maintained 
in a humidified incubator with 5% CO2 at 37 °C. 
Experiments were conducted using HPF cells within 
the passage range of four to eight.

2.2.  Reagents

PG, obtained from Sigma-Aldrich Co. (CAS Number: 
121-79-9), is a compound with the molecular formula 
C10H12O5 and a molecular weight of 212.20. Its purity, 
determined through HPLC analysis, is guaranteed to be 
98% or higher. The inhibitors of pan-caspase (Z-VAD-FMK; 
benzyloxycarbonyl-Val-Ala-Asp-fluoromethylketone) and 
caspase-3 (Z-DEVD-FMK; benzyloxycarbonyl-Asp-Glu-Va
l-Asp-fluoromethylketone), caspase-8 (Z-IETD-FMK; 
benzyloxycarbonyl-Ile-Glu-Thr-Asp-fluoromethylketone), 
and caspase-9 (Z-LEHD-FMK; benzyloxycarbonyl-Le
u-Glu-His-Asp-fluoromethylketone) were purchased from 
R&D Systems, Inc. (Minneapolis, MN) and dissolved in 
dimethyl sulfoxide (DMSO, Sigma-Aldrich Co.) to generate 
10 mM stock solutions. MEK (PD98059), JNK (SP600125), 
and p38 (SB203580) inhibitors were obtained from 
Calbiochem (San Diego, CA, USA) and dissolved in DMSO 
at 10 mM. Cells were pretreated with each caspase or 
MAPK inhibitor for 30 or 60 min prior to treatment with 
PG. Ethanol (0.2%) and DMSO (0.3%) were used as vehicle 
controls. All stock solutions were wrapped in foil and kept 
at 4 °C or −20 °C.

2.3.  Cell cycle and sub-G1 cell analysis

Cell cycle and sub-G1 distributions of cells were deter-
mined using propidium iodide (PI, Sigma-Aldrich Co.; 
Ex/Em = 488 nm/617 nm) staining, as previously 
described [37]. Briefly, 1 × 106 cells in 60-mm culture 
dishes (BD Falcon) were incubated with the desig-
nated concentrations of PG for 24 h. Cells were washed 
with phosphate buffered saline (PBS; GIBCO BRL) and 
then incubated with 10 μg/mL PI with RNase 
(Sigma-Aldrich Co.) at 37 °C for 30 min. The propor-
tions of cells in different phases of the cell cycle or 
with sub-G1 DNA content were measured and ana-
lyzed with a FACStar flow cytometer (BD Sciences, 
Franklin Lakes, NJ).

2.4.  Annexin V/PI staining for cell death detection

Cell death (apoptosis or necrosis) was detected using 
annexin V-fluorescein isothiocyanate staining (FITC, Life 

Technologies, Carlsbad, CA; Ex/Em = 488 nm/519 nm), 
either alone or in combination with PI, as outlined in 
a previous study described [37]. Briefly, 1 × 106 cells in 
60-mm culture dishes (BD Falcon) were preincubated 
with each caspase inhibitor (15 µM) or MAPK inhibitor 
(10 µM) for 30 or 60 min prior to treatment with the 
indicated amounts of PG (100–1,600 µM) for 24 h. Cells 
were washed twice with cold PBS and then suspended 
in 200 μL of binding buffer (10 mM HEPES/NaOH pH 
7.4, 140 mM NaCl, 2.5 mM CaCl2) at a concentration of 
5 × 105 cells/mL at 37 °C for 30 min. Annexin V-FITC 
(2 μL) and PI (1 µg/ml) were added to the solution, and 
cells were analyzed using a FACStar flow cytometer 
(BD Sciences).

2.5.  Measurement of MMP (ΔΨm)

The MMP (ΔΨm) was monitored using rhodamine 123 
(Sigma-Aldrich Co.; Ex/Em = 485/535 nm), which is a 
fluorescent, cell‐permeable, cationic dye that favorably 
enters mitochondria with highly negative MMP (ΔΨm). 
Depolarization of MMP (ΔΨm) results in rhodamine 
123 loss from the mitochondria and reduces the intra-
cellular fluorescence intensity of this dye, as previously 
described [37]. Briefly, 1 × 106 cells in 60-mm culture 
dishes (BD Falcon) were preincubated with each 
caspase inhibitor (15 µM) or MAPK inhibitor (10 µM) for 
30 or 60 min prior to treatment with the indicated 
amounts of PG (100–1,600 µM) for 24 h. Cells were 
washed twice with PBS and incubated with rhodamine 
123 (0.1 mg/mL) at a concentration of 5 × 105 cells/mL 
at 37 °C for 30 min. Rhodamine 123 staining intensities 
were determined using a FACStar flow cytometer. 
Rhodamine 123-negative (-) cells indicate MMP (ΔΨm) 
loss in HPF cells. MMP (ΔΨm) levels in cells without 
MMP (ΔΨm) loss were expressed as percentages com-
pared with control cells.

2.6.  Transfection of cells with apoptosis-related 
siRNAs

Silencing of apoptosis-related genes, including p53, Bax, 
Bcl-2, caspase-3, and caspase-8, was performed as previ-
ously described [38, 39]. A non-specific control siRNA 
duplex [5′-CCUACGCCACCAAUUUCGU(dTdT)-3′], p53 siRNA 
duplex [5′-CACUACAACUACAUGUGUA(dTdT)-3′], Bax siRNA 
duplex [5′-GCUGGACAUUGGACUUCCU(dTdT)-3′], Bcl-2 
siRNA duplex [5′-CAGAAGUCUGGGAAUCGAU(dTdT)-3′], 
caspase-3 siRNA duplex [5′-AGUAUGCCGAC 
AAGCUUGA(dTdT)-3′] and caspase-8 siRNA duplex 
[5′-GCUGCUCUUCCGAAUUAAU(dTdT)-3′] were obtained 
from the Bioneer Corporation (Daejeon, South Korea). In 
brief, 2.5 × 105 cells in six-well plates (Nunc, Roskilde, 
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Denmark) were incubated in RPMI-1640 media supple-
mented with 10% FBS. The next day, cells (at approxi-
mately 30%–40% confluence) were transfected with the 
control or each siRNA duplex [80 picomoles in Opti-MEM 
(GIBCO BRL)] using LipofectAMINE 2000, according to the 
manufacturer’s instructions (Invitrogen, Carlsbad, CA). One 
day later, cells were treated with either PG (800 µM) or a 
solvent control for an additional 24 or 48 h. Transfected 
cells were collected and used to measure annexin V-FITC/
PI staining.

2.7.  Statistical analysis

The results represent the mean of two or three inde-
pendent experiments (mean ± SD). The data were ana-
lyzed using Instat software (GraphPad Prism 5.0, San 
Diego, CA). A Student’s t-test or one-way analysis of 
variance with post hoc analysis using Tukey’s multiple 
comparison test was used to assess statistical signifi-
cance, which was defined as p < 0.05.

3.  Results

3.1.  Effects of PG on the cell cycle distributions 
and cell death in HPF cells

The percentages of cells in different stages of the cell 
cycle were observed after 24 h of incubation with 100–
1,600 µM PG. DNA flow cytometric analysis indicated 
that the doses of PG tested significantly induced G1 
phase arrest of the cell cycle in HPF cells, as compared 
with untreated control cells (Figure 1A and B). The 
number of cells in S phase of the cell cycle decreased 
in PG-treated HPF cells (Figure 1A and B).

The assessment of cell death induction through PG 
treatment was conducted by analyzing sub-G1 cells and 
annexin V-staining. As shown in Figure 1A and C, 100–
800 µM PG treatment did not result in an increase in the 
number of sub-G1 cells. However, treatment with 
1,600 µM PG seemed to elevate the sub-G1 cell popula-
tion (Figure 1A and C). In addition, 100–200 µM PG did 
not significantly increase the amount of annexin 
V-positive HPF cells (Figure 2A and C). However, the 
amount of annexin V-positive HPF cells increased after 
incubation with 400–1,600 µM PG (Figure 2A and C). 
After exposure to 800 µM PG, the proportion of annexin 
V-positive cells was approximately 20% (Figure 2A and C).

3.2.  Effects of PG on MMP (ΔΨm) in HPF cells

Cell death through apoptosis or necrosis is closely 
associated with the loss of MMP (ΔΨm). In PG-treated 
HPF cells, this was assessed using rhodamine 123 dye. 

MMP (ΔΨm) loss in HPF cells was significantly induced 
by PG at concentrations of 400–1,600 μM after 24 h 
(Figure 2B and D). After exposure to 800 µM PG, the 
proportion of HPF cells with MMP (ΔΨm) loss was 
approximately 30% (Figure 2B and D). Treatment with 
100–1,600 µM PG led to a dose-dependent reduction 
in MMP (ΔΨm) in live HPF cells at 24 h (Figure 2B and 
E). The MMP (ΔΨm) in HPF cells treated with 100 and 
800 µM PG was approximately 60% and 40% as com-
pared with untreated control cells, respectively (Figure 
2B and E).

3.3.  Effects of caspase inhibitors on cell death and 
MMP (ΔΨm) loss in PG-treated HPF cells

The effects of caspase inhibitors on cell death and 
MMP (ΔΨm) loss in PG-treated HPF cells were exam-
ined at 24 h. Based on previous experiments related to 
caspase inhibitors [37, 40], cells were pretreated with 
inhibitors of pan-caspase (Z-VAD-FMK) and caspase-3 
(Z-DEVD-FMK), caspase-8 (Z-IETD-FMK), or caspase-9 
(Z-LEHD-FMK) at a concentration of 15 µM for 1 h 
before exposure to 800 µM PG, a concentration suit-
able for distinguishing changes in cell death and MMP 
(ΔΨm) loss in the presence or absence of each caspase 
inhibitor. None of the caspase inhibitors significantly 
affected the levels of annexin V-positive PG-treated 
HPF cells, and the inhibitor of caspase-9 slightly 
increased the number of annexin V-positive cells 
(Figure 3A and C). None of the caspase inhibitors 
tested altered the proportion of cells with MMP (ΔΨm) 
loss in PG-treated HPF cells (Figure 3B and D).

3.4.  Effects of apoptosis-related siRNAs on cell 
death in PG-treated HPF cells

Next, the impact of apoptosis-related siRNAs against 
p53, Bax, Bcl-2, caspase-3, and caspase-8 on the levels 
of cell death in PG-treated HPF cells was evaluated 
after 24 and 48 h of treatment. The same siRNA 
sequences targeting p53, Bax, Bcl-2, caspase-3, and 
caspase-8 were successfully utilized in HPF cells [39, 
41]. As depicted in Figure 4, the flow cytometry chart 
presented serves as a representative figure from the 
experiments involving annexin V/PI staining for the 
detection of cell death. Distinguishing between 
PI-positive (indicating late apoptotic or necrotic cells) 
and PI-negative (representing early apoptotic cells) 
within annexin V-positive cells posed a challenge. 
Therefore, annexin V-positive cells were considered as 
dead cells, regardless of PI positivity or negativity. As 
shown in Figure 4A and B, approximately 30% of HPF 
cells treated with 800 µM PG were annexin 
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V-FITC-positive at both 24 and 48 h. The percentage of 
the annexin V-FITC-positive cells at 24 h was unexpect-
edly higher, likely attributed to the LipofectAMINE 
2000 reagent and variations in cell seeding conditions, 
which appeared to influence the cell death response 
to PG. Treatment with Bcl-2, caspase-3, or caspase-8 
siRNA seemed to increase the number of annexin 
V-FITC-positive cells in untreated control HPF cells at 
both 24 and 48 h, with a more pronounced effect at 
24 h (Figure 4A and B). In addition, Bax siRNA slightly 

increased the number of annexin V-FITC-positive cells 
in the control cells at 24 h, while this siRNA resulted in 
a decrease in the annexin V-FITC-positive cell number 
in the control cells at 48 h (Figure 4A and B). At 24 h, 
Bax siRNA did not influence the annexin V-FITC-positive 
cell number in PG-treated HPF cells, but it decreased 
the number at 48 h (Figure 4A and B). Caspase-3 siRNA 
somewhat decreased the annexin V-FITC-positive cell 
number in PG-treated HPF cells at 24 h but did not 
alter the number at 48 h (Figure 4A and B). At 24 or 

Figure 1. E ffects of PG on cell cycle phase distributions in HPF cells. Cells in the exponential growth phase were incubated in the 
presence of the designated concentrations of PG for 24 h. Cell cycle phase distributions were evaluated by DNA flow cytometry. 
A: Each histogram shows the cell cycle distributions in PG-treated HPF cells. M1 indicates sub-G1 cells. G1, S, and G2 represent 
the phases of the cell cycle. B: Graph displaying the proportions of each cell cycle phase derived from A. C: Graph displaying the 
proportions of sub-G1 cells derived from A. *p < 0.05 as compared with untreated control cells.
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48 h, p53, Bcl-2, and caspase-8 siRNAs did not affect 
the number of annexin V-FITC-positive PG-treated HPF 
cells (Figure 4A and B).

3.5.  Effects of MAPK inhibitors on cell death and 
MMP (ΔΨm) loss in PG-treated HPF cells

The effect of MAPK (MEK, JNK, and p38) inhibitors on 
cell death and MMP (ΔΨm) loss in PG-treated HPF cells 
was examined. HPF cells were pretreated with each 
MAPK inhibitor at a concentration of 10 µM for 30 min, 
following the protocol from previous experiments 
related to MAPK inhibitors [42, 43]. Subsequently, the 
cells were exposed to 800 µM PG for 24 h. As shown in 
Figure 5A and C, none of the MAPK inhibitors signifi-
cantly affected the number of annexin V-positive 
PG-treated HPF cells, but the p38 inhibitor seemed to 
increase the number of annexin V-positive cells. In 
addition, none of the MAPK inhibitors significantly 
altered the proportions of PG-treated HPF cells with 
MMP (ΔΨm) loss, but the JNK inhibitor slightly 

augmented MMP (ΔΨm) loss in these cells (Figure 
5B and D).

4.  Discussion

The dormant toxicity of PG has been inspected to 
assess various in vivo or in vitro toxicological properties 
[44–47]. It has been reported that treatment with PG 
(100–1,600 μM) inhibits the growth of lung cancer cells 
through apoptosis and necrosis [35]. Additionally, PG 
(100–800 μM) inhibits the growth of endothelial cells, 
especially calf pulmonary arterial endothelial cells, 
through caspase-independent apoptosis [28]. However, 
little is known about the cytotoxicological effects of 
PG on normal lung cells, especially fibroblasts. Lung 
fibroblasts are crucial for maintaining the integrity of 
the alveolar structure through the repair of injured 
areas [36]. In the present study, the cytotoxic effects of 
PG on cell death and changes in cell cycle distribution 
in HPF cells were examined. Additionally, alterations in 
the levels of cell death and MMP (ΔΨm) were assessed 

Figure 2. E ffects of PG on cell death and MMP (ΔΨm) in HPF cells. Exponentially growing cells were incubated in the presence 
of the designated concentrations of PG for 24 h. Annexin V-FITC and rhodamine staining were performed in HPF cells and were 
measured using a FACStar flow cytometer. A and B: Representative histograms for annexin V-FITC (A) and rhodamine staining in 
HPF cells (B). M1 indicates annexin V-FITC-positive (A) and rhodamine 123-negative [MMP (ΔΨm) loss] HPF cells (B). M2 indicates 
cells without MMP (ΔΨm) loss. C and D: Graphs of the percentages of M1 regions in A (C) and B (D). E: Graph displaying the 
proportions of MMP (ΔΨm) levels in HPF cells derived from M2 regions in B. *p < 0.05 as compared with untreated control cells.
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in PG-treated HPF cells with the administration of var-
ious caspase inhibitors, apoptosis-related siRNAs, and 
MAPK inhibitors.

When evaluating the induction of cell death by PG 
treatment through the analysis of sub-G1 cells and 
annexin V staining, it was observed that treatment 
with PG (200–1,600 μM) resulted in a dose-dependent 
increase in the percentages of annexin V-FITC-positive 
HPF cells. This implies that cell death induced by PG 
in HPF cells occurs through apoptosis. Moreover, 
caspase-3 plays a crucial role in apoptosis. Although 
the data showing a slight reduction in the level of 
procaspase-3 in PG-treated HPF cells is not presented, 
caspase-3 siRNA was observed to somewhat decrease 
the number of annexin V-FITC-positive cells in 
PG-treated HPF cells at 24 h. These findings suggest 
the activation of caspase-3 in these cells. However, 
treatment with PG (200–800 µM) did not induce the 
sub-G1 DNA content cells in HPF cells. Furthermore, 

although PG (1,600 µM) increased the percentage of 
sub-G1 cells, the effect was insignificant. Therefore, PG 
appeared to induce HPF cell death via apoptosis and/
or necrosis, potentially by fixing the cells in a manner 
similar to ethanol or methanol. DNA flow cytometry 
indicates that PG induced arrest at the G1 phase of 
the cell cycle in HPF cells after 24 h of treatment. PG 
has been shown to induce G1 phase arrest of the cell 
cycle in HeLa cervical cancer cells after 24 h of treat-
ment [33] and arrest at the G1 phase of the cell cycle 
in Calu-6 and A549 lung cancer cells after 24 h of 
treatment [35]. Thus, cell death and the significant G1 
phase arrest by PG underlie the growth inhibition of 
HPF cells.

Cell death via apoptosis is related to MMP (ΔΨm) 
loss [48]. Treatment with PG (400–2,000 μM) has been 
shown to lead to cell death in various cells by disrupt-
ing MMP (ΔΨm) [6, 27, 28, 33]. In addition, the p53 
protein controls the expression of Bcl-2 or Bax [14]. A 

Figure 3. E ffects of caspase inhibitors on cell death and MMP (ΔΨm) in PG-treated HPF cells. Exponentially growing cells were 
pretreated with each caspase inhibitor (15 µM) for 1 h and then treated with 800 µM PG for 24 h. Annexin V-FITC and rhodamine 
staining were measured in HPF cells using a FACStar flow cytometer. A and B: Representative histograms for annexin V-FITC (A) 
and rhodamine staining in HPF cells (B). M1 indicates annexin V-FITC-positive (A) and rhodamine 123-negative [MMP (ΔΨm) loss] 
HPF cells (B). C and D: Graphs show the percentages of M1 regions in A (C) and B (D). *p < 0.05 as compared with untreated 
control cells.
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high ratio of Bax/Bcl-2 can lead to MMP (ΔΨm) loss, 
resulting in the release of cytochrome c and apoptosis 
[48]. Consistent with this, PG led to a dose-dependent 
reduction in the MMP (ΔΨm) in HPF cells. The degree 
of MMP (ΔΨm) loss in PG-treated HPF cells was gen-
erally higher than that of annexin V-positive cells. For 
example, after exposure to 800 µM PG, the propor-
tions of annexin V-positive cells and cells with MMP 
(ΔΨm) loss were approximately 20% and 30%, respec-
tively. These results suggest that PG treatment initially 
affects the mitochondrial membranes, which precedes 
the subsequent step for apoptosis. Moreover, when 
p53, Bax, and Bcl-2 siRNA were pre-administered in 
PG-treated HPF cells, p53 siRNA led to a decrease in 
p53 protein levels in HPF cells (data not shown) and 
did not alter the annexin V-positive cell number in 
PG-treated or untreated control HPF cells. Thus, the 
status of p53 might not be related to HPF cell death 
by PG. Bax siRNA clearly decreased the annexin 
V-positive cell number in PG-treated and untreated 
control HPF cells at 48 h. However, Bcl-2 siRNA did not 
affect the annexin V-positive cell number in PG-treated 

HPF cells at 24 and 48 h but slightly increased annexin 
V-positive cell number in HPF control cells. Thus, PG 
seems to induce MMP (ΔΨm) loss in HPF cells through 
the regulation of Bax, rather than Bcl-2.

To identify which caspases are required for the 
induction of cell death, PG-treated HPF cells were 
incubated with various caspase inhibitors and siRNAs. 
None of the caspase inhibitors tested in the present 
study led to decreases in the amounts of annexin 
V-positive PG-treated HPF cells and also these caspase 
inhibitors did not alter MMP (ΔΨm) loss in PG-treated 
HPF cells. Instead, the caspase-9 inhibitor slightly 
increased the number of annexin V-positive cells, 
which perhaps resulted from increased necrotic cell 
death after the interruption of the apoptotic pathway. 
Caspase-3 siRNA slightly decreased the annexin 
V-FITC-positive cell number in PG-treated HPF cells at 
24 h, whereas caspase-8 siRNA did not affect the cell 
number in these cells at 24 and 48 h. These results 
suggest that HPF cell death induced by PG is not 
highly dependent on the activation of caspases and 
can be triggered to some extent by the necrotic 

Figure 4. E ffects of apoptosis-related siRNAs on cell death in PG-treated HPF cells. HPF cells (at approximately 30%–40% conflu-
ence) were transfected with either a nontargeting control siRNA or the indicated apoptosis-related siRNAs. One day later, cells 
were treated with 800 µM PG for an additional 24 (A) or 48 h (B). A and B: Annexin V-FITC and PI staining in HPF cells were 
measured using a FACStar flow cytometer. The percentages shown in each figure represent annexin V-FITC-positive cells, regardless 
of PI-negative and PI-positive cells.
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pathway. It is noteworthy that caspase-3 and caspase-8 
siRNAs increased the annexin V-FITC-positive cell num-
ber in untreated control HPF cells, particularly at 24 h, 
suggesting that the basal activities or levels of 
caspase-3 and caspase-8 are related to the cell sur-
vival of HPF cells. Recent reports suggest that inhibi-
tors of pan-caspase and caspase-3, caspase-8, and 
caspase-9 significantly prevent PG-induced apoptosis 
in HeLa cervical cancer cells [34]. In addition, the 
pan-caspase inhibitor (Z-VAD) also slightly reduced 
the number of annexin V-positive cells in PG-treated 
Calu-6 and A549 lung cancer cells [49]. However, in 
calf pulmonary arterial endothelial cells treated with 
400 μM PG, some caspase inhibitors somewhat exacer-
bated cell death [28]. Therefore, the specific require-
ments for particular caspases in PG-induced cell death 

may vary among cell types, particularly between can-
cer and normal cells.

The ERK signaling pathway is mostly involved in 
pro-survival, rather than proapoptotic, pathways [20]. 
The MEK inhibitor, which presumably deactivates ERK, 
did not increase the number of annexin V-positive 
cells in PG-treated HPF cells. However, this MEK inhib-
itor increases the number of annexin V-positive cells in 
PG-treated HeLa cervical cancer and calf pulmonary 
arterial endothelial cells [50, 51] and also increases the 
annexin V-positive cell number in PG-treated Calu-6 
lung cancer cells, but not in PG-treated A549 lung can-
cer cells [52]. These results indicate that PG can induce 
the death of a certain cell type, especially HPF cells, 
without influencing ERK signaling. The activation of 
JNK and p38 has a positive effect on the induction of 

Figure 5. E ffects of MAPK inhibitors on cell death and MMP (ΔΨm) in PG-treated HPF cells. Cells undergoing exponential growth 
were pretreated with each MAPK inhibitor (10 µM) for 30 min and then treated with 800 µM PG for 24 h. Annexin V-FITC and 
rhodamine staining in HPF cells were measured using a FACStar flow cytometer. A and B: Representative histograms for annexin 
V-FITC (A) and rhodamine staining in HPF cells (B). M1 indicates annexin V-FITC-positive (A) and rhodamine 123-negative [MMP 
(ΔΨm) loss] HPF cells (B). C and D: Graphs show the percentages of M1 regions in A (C) and B (D). *p < 0.05 as compared with 
PG-untreated control cells.
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apoptosis [22, 23]. However, neither the JNK nor p38 
inhibitors tested in the present study decreased the 
number of annexin V-positive cells in PG-treated HPF 
cells. Instead, the p38 inhibitor slightly increased the 
number of annexin V-positive cells. In addition, the 
JNK and p38 inhibitors appear to increase the number 
of annexin V-positive cells in PG-treated Calu-6 and 
A549 lung cancer cells [52]. Therefore, in PG-treated 
lung cells, including HPF cells, the JNK and p38 signal-
ing pathways are not associated with cell death. 
Furthermore, none of the MAPK inhibitors significantly 
altered MMP (ΔΨm) loss in PG-treated HPF cells, sug-
gesting that MAPK signaling pathways are not tightly 
related to the maintenance of MMP (ΔΨm) in HPF cells.

In conclusion, PG induces G1 phase arrest of the 
cell cycle and cell death in HPF cells via apoptosis 
and/or necrosis. Although none of the caspase inhibi-
tors attenuated the number of annexin V-positive 
PG-treated HPF cells, Bax and caspase-3 siRNAs 
decreased the annexin V-positive cell number in these 
cells. All of the MAPK inhibitors tested in the present 
study did not affect PG-induced HPF cell death and 
MMP (ΔΨm) loss. The presented data provides valuable 
information that aids our understanding of the cyto-
toxicological and molecular effect of PG on normal 
lung cells, especially HPF cells. Furthermore, these 
findings offer insights into the cytotoxic and molecular 
effects of PG on normal HPF cells, suggesting its 
potential clinical applicability in both molecular and 
clinical contexts.
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